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Abstract: Stimulated emission depletion (STED) nanoscopy is one of a suite of modern 
optical microscopy techniques capable of bypassing the conventional diffraction limit in 
fluorescent imaging. STED makes use of a spiral phase mask to enable 2D super-resolution 
imaging whereas to achieve full volumetric 3D super-resolution an additional bottle-beam 
phase mask must be applied. The resolution achieved in biological samples 10 µm or thicker 
is limited by aberrations induced mainly by scattering due to refractive index heterogeneity in 
the sample. These aberrations impact the fidelity of both types of phase mask, and have 
limited the application of STED to thicker biological systems. Here we apply an automated 
adaptive optics solution to correct the performance of both STED masks, enhancing 
robustness and expanding the capabilities of this nanoscopic technique. Corroboration in 
terms of successful high-quality imaging of the full volume of a 15µm mitotic spindle with 
resolution of 50nm x 50nm x 150nm achieved in all three dimensions is presented. 
© 2019 Optical Society of America under the terms of the OSA Open Access Publishing Agreement 
1. Introduction
Fluorescent nanoscopy has opened up a range of new scientific directions in the biological 
sciences as well as in optical physics and engineering. The need for super-resolution 
techniques grows year on year, with increasing demand to match experimental systems with 
the needs of the end users. Stimulated emission depletion (STED) microscopy [1] is one such 
technique, and has been shown to successfully resolve structures as small as 20nm in 
biological samples [2] whereas 5nm resolution has been demonstrated for imaging nitrogen 
vacancy colour centres in nano-diamonds [3,4]. 
The STED technique is well established [5] and by making use of appropriate beam 
shaping techniques [6–10] can operate in both 2D and 3D modes. For generating appropriate 
beam shapes, a specially designed mask is applied to the depletion beam in order to change its 
phase. Typically for 2D imaging a doughnut beam such as a Laguerre-Gaussian beam (vortex 
beam) is used [7], while introducing a π-step phase change produces the bottle-beam [8] that 
will deplete out-of-focus light, increasing the axial resolution [9] and giving 3D capability. 
Axial resolution enhancement can be also obtained with the combination of STED 
microscopy with 4-Pi microscopy [11–13]. 
Even though the resolution achieved by STED imaging is impressive, it is very often 
limited to very thin slices, imaging of beads or optically clear samples. For dense structures 
with thickness over 10µm, imaging with STED still remains a challenge, as optical 
aberrations increase. Imaging through thick samples has been reported using the LG depletion 
beam [14–17], as the 2π lateral STED phase mask shows stronger resistance to aberrations 
compared to the π-step axial STED phase mask [18]. To date there have been multiple reports 
showing imaging with 2D STED of thick samples, by using, for example, Bessel beams for 
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imaging fluorescence beads at 155µm [17], or adaptive optics (AO) for imaging rat heart 
tissue at up to 36µm [16]. Urban et. al demonstrated 2D STED imaging of synapses inside 
350um thick mouse brain slices up to 78μm deep, with the use of a glycerol objective with 
correction collar [19], while the combination of STED imaging with 2-photon microscopy, 
enabled imaging at the depth of 30μm inside slices of mouse brains [20] and 50μm in acute 
brain slices [21]. Imaging thick, dense specimens is much more challenging with the 3D 
STED phase mask and requires adaptive optics (AO) and aberration correction routines [22–
24], and has so far been limited to proof of concept specimens. Recently, water immersion 
objective lens-based systems for aberration correction were used for 3D STED imaging of 
living fibroblasts at depth up to 37µm and up to 180µm for fluorescent beads [25]. However, 
3D STED imaging with an oil immersion objective lens at significant depths is still a 
challenge. In this paper we present a custom-built AO 3D STED microscope, which we have 
used for full volumetric imaging of thick (>10µm) mitotic spindle samples with both 2D and 
3D STED. We introduce a method for correcting the aberrations of the STED beam using 
sensorless wavefront correction based on minimisation of fluorescent signal. AO enabled a 
significant improvement in performance of the STED phase masks and expanded the 
capabilities of the imaging. By incorporating dynamic changes of the phase mask and 
improvement of the beam shape through aberration correction, we have built and 
demonstrated a super-resolution microscope that can be applied to realistic 3D cellular 
samples. 
2. Methods 
2.1 Optical setup of the AO 3D STED microscope 
Figure 1 outlines our microscope system. We make use of picosecond pulsed laser diodes for 
both the STED (766nm, PicoQuant VisIR, 40MHz repetition rate, 56mW of average power 
measured at the back focal plane of the microscope objective, pulse width ≈0.45ns) and 
excitation (637nm, PicoQuant LDH P-C-635M, 40MHz repetition rate, 2.1mW of average 
power measured at the back focal plane of the microscope objective, pulse width <120ps) 
beams. The STED beam is expanded to illuminate a spatial light modulator (SLM) 
(Hamamatsu X-10468-02) which imprints the required phase modulation. This beam is then 
passed through relay optics to a pair of galvanometric mirrors (GM) and a resonant scanning 
mirror (RM) before being imaged onto the back focal plane of the microscope objective (MO; 
Nikon Plan apo λ, 100x, NA = 1.45). The objective z-position is controlled by a piezo-
focussing-stage (Piezoconcept HS1.70). The excitation beam is overlapped with the STED 
beam through the use of an appropriate dichroic mirror (Chroma ZT647rdc-UF3), which is 
coupled into an optical fibre as a means of spatially filtering the beam. The appropriate 
temporal delay between the pulses is controlled by a picosecond electronic pulse delay unit 
(Micro Photon Devices Picosecond Delayer). A 150ps delay is used between arrival of the 
excitation pulse and depletion pulse, as both our own experimental evaluation and previously 
published work show that such a delay provides the highest depletion efficiency [5,26,27]. 
The fluorescence emission beam path from the sample propagates along the same beam 
path as the depletion beam until it reaches a dichroic mirror (DM1 on Fig. 1, Semrock FF720-
SDi01). DM1 transmits the emission beam and separates it from the depletion beam. The 
emission beam passes through the single-bandpass emission filter EM (Semrock 676/37) and 
is focused into a multi-mode fibre that acts as a pinhole (PH). A single photon avalanche 
diode is used for detection. It is connected to a National Instruments FPGA board (NI PCIe-
7852R), which is used for counting the fluorescent photons and controlling the rest of the 
microscope setup. 
The 16kHz fixed frequency resonant mirror is used in the imaging as this has been shown 
to be advantageous in STED microscopy, by successfully decreasing the photobleaching of 
fluorescent markers [28–30]. 
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excitation beam, and plays a crucial role in the final super-resolved image. Aberrations 
corresponding to Zernike polynomials are corrected one at a time. For each polynomial, a set 
of the values corresponding to the amplitude of each aberration is selected and applied. The 
phase pattern with the different mode amplitude values within the chosen range is then 
displayed on the SLM, deforming the wavefront in a controlled manner. An image is acquired 
for each of the previously defined aberration values and the quality metric is calculated (i.e. 
square of the total image intensity in our correction method). Through this process we are 
then able to maximize the quality metric, correcting the wavefront in turn. 
The correction is a two-step process. In the first step, aberrations introduced by the optical 
system are corrected through direct visualization of gold nanobeads. The total image intensity 
is used as the quality metric [41]. In the second phase the depletion beam is corrected while 
imaging the fluorescent sample with the same total image intensity metric and the same set of 
Zernike polynomials. Both the excitation beam and depletion beam are used, in the absence of 
a STED phase mask. In this correction, instead of finding the maximum of the quality metric, 
we look for the minimum. This way we maximize the depletion efficiency through fine 
adjustment of the aberrations that originate at the sample. The intensity of the depletion laser 
is set to minimum value for which depletion is obtained, minimising the illumination intensity 
at the sample. For correcting aberrations of thick samples, the aberration correction routine is 
carried out for the full 3D volume of the imaged object. 
2.3 Cell preparation 
Human Retinal Pigmented Epithelial Cells (RPE-1) were chosen as a cell line for imaging the 
mitotic spindle. RPE-1 cells grow dense mitotic cell structures, with thickness over 10µm. 
The cells were cultured in a T75 flask at regular environmental conditions (37°C, 5% CO2 
and 95% of humidity) with DMEM growing medium with 10% Fetal Bovine Serum (FBS), 
2mM glutamine and antibiotics (100U penicillin/0.1mg/ml of streptomycin). When the cells 
became 100% confluent they were fixed onto #1.5 coverslips with freshly made 3.7% 
formaldehyde (FA) with an additional 0.1% of glutaraldehyde for preservation of the 
microtubule structure. After fixing, the cells were processed with an immunostaining 
protocol. Mouse anti-α-tubulin primary antibody (DM1A, catalogue number #T9026, Sigma-
Aldrich) with 1:200 dilution was applied to the cells followed by the application of the 
Aberrior STAR635P secondary antibody with 1:50 dilution. In order to match the refractive 
index of the microscope lens immersion oil (n = 1.515) cells were mounted with 97% 
Thiodiethanol (TDE) in a step-wise manner. Coverslips were fixed to a microscope slide with 
transparent nail polish and left overnight in the freezer before use. 
2.4 Image acquisition and processing 
Images were acquired using custom software written in Labview. The software builds an 
image pixel by pixel by reading and counting the photons detected by the SPAD photon 
counter. Then the metadata is added to the images and they are converted to the OME-TIFF 
format [42]and stored and managed using OMERO software [43]. Further processing was 
done using ImageJ and Matlab. The colormap used for displaying images is cubehelix 
colormap [44], which maximises contrast and has the advantage of being easily converted to 
grayscale without loss of information. Smooth manifold extraction (SME) projection [45] was 
implemented in Matlab using the code provided by the authors of the FastSME [46]. 
3. Results
The samples were imaged in the AO 3D STED microscope, which has three imaging modes: 
confocal, 2D STED (imaging with the vortex phase mask applied to the depletion beam) and 
3D STED (imaging with the π-step phase mask applied to the depletion beam). The stack for 
the mitotic spindle was acquired with all three microscope modes sequentially: 2D, 3D then 
confocal. Each optical section was separated by a 50nm step and each frame was acquired in 
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31s. The depletion laser power was set at an average power of 50mW with a 20MHz 
repetition rate. Mitotic spindle images were acquired for three different microscope modes: 
confocal, 2D STED (vortex phase mask) and 3D STED (π-step phase mask). Figure 2 shows 
the comparison of confocal and 2D STED images and have the size 800 x 800 pixels, with the 
pixel size of 18nm. The top of the mitotic cell is located 15µm from the coverslip. Before 
imaging, the aberration correction protocol was applied: the correction was carried out for the 
whole stack volume, acquiring 10 images of different, equally separated planes, starting at the 
bottom and finishing on top of the spindle. Then the total intensity of all images was summed 
and used as a metric. Zernike modes used for correction were: 1st, 2nd and 3rd orders of 
spherical aberrations and 1st order astigmatism, coma and trefoil. The experiments showed 
that correcting aberrations for the full volume of the imaged stack was sufficient for obtaining 
high quality images. Correct Zernike coefficients were established by acquiring a set of 
images at different depths separated by 3 µm and their intensities were summed. The quality 
metric was then applied to such a summed image. We found that there was no difference 
between correcting for the whole stack and for correcting individual planes. 
 
Fig. 2. Comparison of the mitotic spindle acquired with (a) confocal and (b) 2D STED. Images 
are displayed with the cubehelix colormap. The insets in (a) and (b) show the zoomed area 
marked with the dashed rectangle. The plot in (c) shows the intensity cross-section at the 
position shown by the yellow line in the zoomed images in (a) and (b). The blue plot shows the 
cross-section through the confocal image, red is the cross-section through 2D STED image and 
the green plots represents the Lorentzian fit to the 2D STED cross-section. The slices shown 
are at a depth of 5µm from the bottom of the mitotic cell. The scale bar is 1µm. 
The 2D STED image in Fig. 2(b) clearly shows an increased resolution compared to the 
confocal image (Fig. 2(a)). In both images, the same area was chosen (as shown in the insets 
in Figs. 2(a) and 2(b)) and intensity cross-section was plotted, Fig. 2(c). The intensity plots 
show that the two individual microtubules can be unambiguously detected in the 2D STED 
image, while the confocal mode is only able to resolve them as a single structure in the 
marked position. In order to estimate the resolution of the acquired images, the full width at 
half maximum (FWHM) was calculated for the Lorentzian fit to the 2D STED data. The 
resolution obtained for microtubules shown in the Fig. 2 demonstrates a resolving power of 
44nm. Comparing the 2D STED imaging resolution to the Abbe’s limit (220nm) gives 5-fold 
increase of the microscope resolution. To verify the resolution of the microscope in the whole 
volume of the imaged mitotic spindle, the FWHM has been calculated for the slice located 
1µm (Fig. 3(a)) and 10µm (Fig. 3(b)) from the bottom of the spindle. Results confirm that the 
microscope can resolve structures as small as 50nm in the lateral direction. Figure 3 shows 
the acquired slices at different depths of the imaged structure and intensity cross-sections 
through the microtubules that were used for the FWHM calculation. 
Switching to the 3D STED modality allows comparison with the confocal resolution in 
the z-direction. Figure 4 shows the comparison between the two modes, illustrating the xz 
view, using the same pixel number and size, z-sectioning distance, exposure time and laser 
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power as in Fig. 2. The 3D STED image shows much finer details in the axial direction as 
well as being much sharper compared to the confocal image. 
 
Fig. 3. Slices of the mitotic spindle acquired with the 2D STED mode at different depths 
measured from the bottom of the cell: (a) 1µm from the bottom and (b) 10µm from the bottom. 
Insets in the images show the zoomed area marked with the yellow dashed rectangle. Plots in 
(c) and (d) show the intensity cross-sections for the microtubules, at the position marked with 
the yellow line inside the insets. The scale bar on both images are 1µm. 
The calculated FWHM for the 3D STED images gives the axial resolution as 157nm. The 
calculated FWMH for the confocal imaging gives an axial resolution of 652nm, which 
compares well with a calculated FWHM of 606nm using Abbe’s resolution. Thus, the 3D 
STED microscope achieves a 4-fold increase in axial resolution compared to conventional 
confocal imaging. We also evaluated the lateral resolution for the 3D STED images using 
FWHM of microtubules and observed a value of 178nm, while FWHM of the same structure 
in confocal image resulted in value of 239nm. This is also a significant improvement over the 
diffraction limited, confocal image. The 3D STED images exhibit an intensity decrease 
compared with the 2D STED images, as they were obtained after acquiring the 2D STED 
stack. 
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 Fig. 4. Comparison of the xz views of the mitotic spindle acquired using (a) confocal and (b) 
3D STED. The insets show zoomed areas marked with the yellow rectangle. The plots in (c) 
show intensity cross-sections marked with the yellow line inside the insets. Scale bar in both 
images are 1µm. 
For the comparison of the images obtained with and without the aberration correction 
routine, a stack of optical sections of a mitotic spindle from a different cell was acquired 
using π-step STED phase mask (3D STED), as it is more sensitive to aberrations. Figure 5 
shows the comparison of 3D STED images obtained with and without the aberration 
correction. In order to make sure that the quality of the non-corrected image is decreased due 
to the aberrations and not due to the photobleaching, the non-corrected 3D STED stack of 
mitotic spindle was acquired in the first instance. It was followed by the aberration correction 
routine of the whole imaged volume and the acquisition of the corrected stack. Figure 5(a) 
presents the xy slice acquired 4µm from the coverslip of the 3D STED image with aberration 
correction; Fig. 5(b) shows the same slice without aberration correction and this image is 
significantly dimmer and has a higher noise level than Fig. 5(a). Figures 5(c) and 5(d) show 
the xz views of the stack obtained with and without aberration correction respectively. Figure 
5(e) shows the cross-sections A-A marked with the yellow vertical lines in images in Figs. 
5(c) and 5(d). The cross-section of the microtubule with the aberration correction shows 
unambiguous profile of the microtubule structure. Calculating the SNR (mean µ of the signal 
divided by the standard deviation σ of the background, SNR = µ/σ [47]) results in SNRCorr = 
99.45 and SNRUncorr = 64.35 for the aberration corrected image and uncorrected image 
respectively. For the calculation, the regions of interest (ROIs) with signal and background of 
the same size were chosen. Then, using ImageJ, the average intensity Z-projection was 
performed and for such projection the µ and σ values were calculated. Comparing both SNR 
values, the aberration corrected stack gave 1.55 times higher SNR compared to the 
uncorrected stack, showing the strong improvement of the quality of the aberration corrected 
images. When analysing the xz cross-section of the uncorrected microtubule, the noise is 
much more evident, and the cross-section does not unambiguously show the microtubule 
structure. The mitotic spindle imaged with the corrected depletion beam gives a higher quality 
image and better SNR level, even though the corrected stack was acquired after the 
acquisition of the uncorrected stack, hence the signal should have dropped due to the 
photobleaching. Overall, Fig. 5 shows the improvement in SNR and resolution delivered by 
the aberration correction. 
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 Fig. 5. The comparison of the mitotic spindle stack obtained with and without aberration 
correction. Images (a) and (b) show the xy slice obtained at the 4µm distance from the 
coverslip with and without the aberration correction respectively. (c) and (d) show the 
corrected and uncorrected XZ views respectively, taken at the location marked with the yellow 
horizontal lines in (a) and (b). (e) presents the intensity cross-section marked with the vertical 
yellow lines in (c) and (d). Red plot presents the uncorrected cross-section and blue plot 
presents the corrected cross-section. Graph (f) presents the amplitudes of the Zernike 
coefficients that are applied to the SLM. 
As shown in Figs. 2-4, our AO 3D STED microscope enables imaging of thick structures 
with the resolution significantly surpassing the diffraction limit. The microscope enables 
imaging with 50nm lateral resolution and 150nm axial resolution. With the addition of 
adaptive optics, the resolution is consistent throughout the whole 3D stack of dense biological 
structure, such as a mitotic spindle with a thickness of 15µm. Figure 6 shows the comparison 
of the confocal, 2D STED and 3D STED smooth manifold extraction (SME) projection [45], 
as an alternative to the maximum intensity projection (MIP). SME projection is an algorithm 
that enables a 2D representation of a 3D volume to be produced by extracting continuous 
focused 2D data from the 3D volume. It has been shown that it preserves local spatial 
relationships accurately while, in contrast, the MIP projection mixes all the stack layers 
together and does not provide a reliable geometric interpretation of the sample [45]. We used 
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the Fast SME algorithm for decreasing computation time of calculation of SME projection 
[46]. 
 
Fig. 6. Smooth Manifold Extraction (SME) projection of the stacks acquired using (a) 
confocal, (b) 2D STED and (c) 3D STED microscope mode with the aberrations corrected. 
Scale bar in all images is 1µm. 
4. Summary 
In this paper we proposed a custom-built AO 3D STED microscope which enables full 
volume super-resolution imaging of thick biological highly scattering samples. We 
demonstrated that widely used general immunostaining protocol is sufficient for imaging in 
the STED system and no specially optimised sample preparation is needed. The use of 
adaptive optics in 3D STED mode allows correction of aberrations that originate in both 
optical components and the biological specimen. We used an aberration correction protocol 
based on the modal sensing method with a basic total image intensity quality metric. We 
proposed a method for the aberration correction of depletion beam by the minimisation of the 
fluorescent signal. Such aberration correction protocol can be applied directly on the sample 
image. In the correction process we use as low laser intensities as possible so that the sample 
exposure to the high power depletion beam is minimised to avoid photobleaching as much as 
possible. 
The key feature of our 3D AO STED system is its application to a routine, yet optically 
challenging, biological sample. Human cells in culture round up during progression through 
the mitosis, and when grown on a conventional coverslip will be 12-15 um thick. Variations 
in refractive index in biological material make imaging in thick specimens challenging for 
optical methods like STED that are sensitive to aberrations. Our AO 3D STED system 
compensates for aberrations and also preserves signal making it practical to collect a full 3D 
stack of optical sections through relatively thick specimens. 
We showed the capabilities of our AO 3D STED setup for imaging a thick and optically 
dense biological specimen with thickness >10µm. The SLM used in the setup enables both 
aberration correction and dynamic changes of the STED phase mask, which allows switching 
between 2D and 3D STED imaging. The mitotic spindles shown in Figs. 2-4 show much 
sharper images in all 3 dimensions, with the lateral resolution <50nm and axial resolution 
<160nm. Comparison of the corrected und uncorrected images presented in Fig. 5 show the 
superiority of the images obtained with the corrected depletion beam, manifested in the 1.5-
fold increase of the SNR. The aberration correction performed on the full volume of the 
imaged sample offers consistent resolution at all planes of the imaged structure, confirmed by 
calculating the FWHM at the bottom, middle and top of the structure. Imaging of a full 3D 
volume, namely a thick mitotic spindle was shown here for first time using super-resolution 
STED modality using a staining protocol, imaging lightpath and objective lens that are 
routinely available. The system enables the acquisition of full super-resolution volumes 
comprised of greater than 200 optical sections, which in turn enables the detection of sub-
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resolution cellular organelles throughout the full volume. Our results indicate that aberration 
correction is crucial and enables obtaining high quality and super-resolved images of thick 
biological specimens using 3D STED nanoscopy. 
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